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Pancreatic-type ribonucleases ( ptRNases) comprise a class of highly conserved secretory endoribonucleases in vertebrates. The prototype of this enzyme family is ribonuclease 1 (RNase 1). Understanding the physiological roles of RNase 1 is becoming
increasingly important, as engineered forms of the enzyme progress through clinical trials
as chemotherapeutic agents for cancer. Here, we present an in-depth biochemical
characterization of RNase 1 homologs from a broad range of mammals (human, bat,
squirrel, horse, cat, mouse, and cow) and nonmammalian species (chicken, lizard, and
frog). We discover that the human homolog of RNase 1 has a pH optimum for catalysis,
ability to degrade double-stranded RNA, and afﬁnity for cell-surface glycans that are
distinctly higher than those of its homologs. These attributes have relevance for human
health. Moreover, the functional diversiﬁcation of the 10 RNase 1 homologs illuminates
the regulation of extracellular RNA and other aspects of vertebrate evolution.
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Vertebrate animals possess a distinct, conserved family of secreted ribonucleases (RNases) not known
to occur in any other taxon. This unique group of enzymes is termed the pancreatic-type RNases
( ptRNases) or, alternatively, the vertebrate secretory RNases. They are not homologous to any other
class of eukaryotic RNases and together constitute an extensive superfamily of proteins that has been
the subject of intense biochemical, structural, and evolutionary studies for over half a century. With
compact structures, high stability, and a shared ability to catalyze the nonspeciﬁc degradation of RNA,
these small and hardy enzymes are purported to serve a variety of diverse biological roles in vivo,
including supporting host defense and innate immunity [1,2]. Indeed, numerous phylogenetic reconstructions and other analyses indicate that the family is evolving and expanding rapidly, and that
many members are under positive selection for increased functional diversiﬁcation, as is common
with immunity-related protein families [3–6]. The various activities of ptRNases are regulated by the
cytosolic RNase inhibitor (RI) protein, which is conserved across various species and can bind
extremely tightly to ptRNases, inhibiting their catalytic activity [7,8].
The most well-known member of the ptRNase family is RNase 1. (Cow RNase 1 is also known as
RNase A and has served as a model protein for countless advances in biological chemistry [9–11].) Of
all the ptRNases, RNase 1 has the highest catalytic activity, as well as the most diverse and robust
expression [1,12]. In addition to its broad tissue expression, RNase 1 has been isolated from a large
variety of bodily ﬂuids [12,13]. In humans and mice, RNase 1 circulates freely in the blood and serum
at a concentration of ∼0.5 mg/ml and is the only known RNase in plasma with high, nonspeciﬁc ribonucleolytic activity [14–17]. Secreted RNase 1 also possesses the ability to enter the cytosol of other
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cells via endocytosis and translocation. This remarkable ability has been exploited to create variants of RNase 1
that can act as chemotherapeutic agents against cancer cells [8,18–20], including prototypes now in clinical
trials [21,22].
Despite its widespread conservation in mammals and unique properties, the biological role of RNase 1 is
poorly understood. Owing to the high level of expression of RNase A in the cow pancreas, RNase 1 was historically known as a digestive enzyme and was thought to serve little purpose in nonruminant mammals, including humans [23]. That impression began to change as studies compiled diverse data suggesting a nondigestive
role for RNase 1 in species apart from cattle [24–26]. Correspondingly, phylogenetic analyses have predicted
that RNase A diverged relatively recently through gene duplication in ruminants, and might represent a specialized digestive form of the RNase 1 enzyme that arose simultaneously with foregut fermentation [27,28].
Intriguingly, cattle express two other RNase 1 paralogs, which have been shown to have properties distinct
from that of RNase A [29,30]. A similar phenomenon is known to have occurred in leaf-eating monkeys, where
a secondary form of RNase 1 evolved to participate in ruminant-like digestion [31]. Analogously, modern
whales and dolphins, which share a common ancestor with cattle, seemingly lost their extra copies of RNase 1
concurrent to switching from a herbivorous to a carnivorous diet [32]. Taken together, extant evidence suggests
that cow RNase A—the original so-called pancreatic RNase—might be a functional outlier among RNase 1
homologs, with the true physiological role of RNase 1 in other vertebrates still to be unveiled.
Previous functional studies of RNase 1 enzyme homologs have uncovered biochemical differences across a
limited subset of species [27,30,31,33]. Broader functional differences across species have been predicted
through phylogenetic analyses of RNase1 genes. For example, RNase1 gene duplication events and differential
selection pressures have been uncovered in rodent, carnivore, and bat families, suggesting that new functional
roles may be emerging [34–37]. Nonetheless, knowledge of the actual behavior of the RNase 1 enzyme from
diverse species represents a critical gap in our understanding of RNase 1 biology.
Comparative functional analyses can illuminate conserved or derived protein functions [38–41]. Such analyses, which bridge the divide between structural biology, biochemistry, and molecular evolution, are critical for
advancing our understanding of RNase 1. Here, we present the broadest and most in-depth study, to date, of
the function of RNase 1 proteins across a vertebrate evolutionary spectrum, including seven mammalian homologs and three nonmammalian homologs. We build upon an existing framework of phylogenetic analyses by
probing the functional diversiﬁcation of these homologs, as well as speculate on key amino acid changes that
might have led to pronounced differences in both biochemical properties and biological function.

Materials and methods
Materials and instrumentation
Escherichia coli BL21(DE3) cells and plasmid pET22b(+) were from EMD Millipore. 6-FAM–dArUdAdA–
6-TAMRA, 5,6-FAM–d(CGATC)(rU)d(ACTGCAACGGCAGTAGATCG), and DNA oligonucleotides for PCR,
sequencing, and mutagenesis were from Integrated DNA Technologies. Poly(A:U) was from Sigma Chemical;
low molecular mass poly(I:C) was from InvivoGen. Sulfatides, phosphatidylserine, and cetyltrimethylammonium bromide (CTAB) were from Avanti Polar Lipids.
Protein puriﬁcation columns were from GE Healthcare. Restriction and PCR enzymes were from Promega.
Ninety-six-well plates were from Corning. 2-(N-morpholino)ethanesulfonic acid (MES) was puriﬁed to be free
of oligo(vinylsulfonic acid) [42]. All other chemicals were of commercial grade or better, and were used
without further puriﬁcation.
The molecular mass of each RNase was determined by matrix-assisted laser desorption/ionization-timeof-ﬂight (MALDI-TOF) mass spectrometry with a Voyager-DE-PRO Biospectrometry Workstation from
Applied Biosystems at the campus Biophysics Instrumentation Facility. All ﬂuorescence and absorbance measurements were made with a M1000 ﬂuorimeter plate reader from Tecan, unless stated otherwise. All data were
ﬁtted and analyzed using the Prism 5 software from GraphPad, unless stated otherwise.

RNase cloning and puriﬁcation
Genes encoding human RNase 1 [43], cow RNase 1 [43], mouse RNase 1 [8], chicken RNase A-1 [8], anole
RNase [8], and frog RNase [44] had been inserted previously into the pET22b expression vector for tagless
expression in BL21(DE3) E. coli. A gene encoding bat RNase 1 (GenBank Accession No. AEF13449) was ampliﬁed from little brown bat (Myotis lucifugus) skin cDNA and inserted into pET22b. Genes encoding cat RNase
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1 (GenBank Accession No. XP_003987441) and horse RNase 1 (GenBank Accession No. NP_001296341) were,
respectively, ampliﬁed from cat and horse liver cDNA libraries (Zyagen Life Sciences) and inserted into
pET22b. A gene encoding squirrel RNase 1 (GenBank Accession No. ACV70066) was ampliﬁed from Scurius
carolinensis liver cDNA and inserted into pET22b. The program Signal P was used to predict and exclude
peptide leader sequences for all proteins. The nucleotide sequence for each primer used for cloning is listed in
Supplementary Table S1.
To enable site-speciﬁc ﬂuorophore-labeling of the RNase 1 homologs, cysteine residues were introduced via
site-directed mutagenesis into loop regions distal to the enzymic active site. The ensuing variants were P19C
human RNase 1, S19C mouse RNase 1, A19C cow RNase 1, S19C horse RNase 1, T18C cat RNase 1, P18C bat
RNase 1, S19C squirrel RNase 1, T17C chicken RNase A-1, S20C anole RNase 1, and S61C frog RNase.
Recombinant wild-type ptRNases and their variants were puriﬁed as inclusion bodies from E. coli, and freecysteine protein variants were labeled with BODIPY FL (Molecular Probes) as described previously [45,46].
Following puriﬁcation, protein solutions were dialyzed against PBS and ﬁltered prior to use. The molecular
masses of RNase conjugates were conﬁrmed by MALDI-TOF mass spectrometry. Protein concentration was
determined by using a bicinchoninic acid assay kit (Pierce) with wild-type RNase A as a standard.

Thermostability measurements
The thermal denaturation of RNase 1 homologs was monitored in the presence of a ﬂuorescent dye using differential scanning ﬂuorimetry (DSF). DSF was performed using a ViiA 7 Real-Time PCR machine (Applied
Biosystems) as described previously [47,48]. Brieﬂy, a solution of protein (30 μg) was placed in the wells of a
MicroAmp optical 96-well plate, and SYPRO Orange dye (Sigma Chemical) was added to a ﬁnal dye dilution
of 1 : 166 in relation to the stock solution of the manufacturer. The temperature was increased from 20°C to
96°C at 1°C/min in steps of 1°C. Fluorescence intensity was measured at 578 nm, and a solution with no
protein was used for background correction. Values of Tm were calculated by ﬁtting the ∂ﬂuorescence/∂T data
to a two-state Boltzmann model with the Protein Thermal Shift software (Applied Biosystems).

pH dependence of enzyme activity against ssRNA
The pH dependence of kcat/KM for the cleavage of ssRNA by RNase 1 homologs was determined with a
ﬂuorogenic substrate in which a single ribonucleotide residue was embedded in a DNA oligonucleotide with a
ﬂuorophore at its 50 -terminus and a quencher at its 30 -terminus: 6-FAM–dArUdAdA–6-TAMRA [49]. Assays
were performed at 25°C in solutions of an RNase 1 and 6-FAM–dArUdAdA–6-TAMRA (0.2 mM) in an
RNase-free buffer: 0.10 M NaOAc, 0.10 M NaCl ( pH 4.0–5.5); 0.10 M Bis–Tris, 0.10 M NaCl ( pH 6.0–6.5);
0.10 M Tris, 0.10 M NaCl ( pH 7.0–9.0). All assays were performed in triplicate with three different enzyme
preparations. Values of optimal pH were calculated by ﬁtting of normalized initial velocity data from solutions
of various pH to a bell-shaped distribution. Values of kcat/KM at the optimal pH were determined from initial
velocity data, as described previously [49].

Degradation of double-stranded RNA
The value of kcat/KM for the cleavage of a double-stranded (ds)RNA by RNase 1 homologs was determined
with polymeric substrates by UV spectroscopy, as described previously [33]. Brieﬂy, poly(A:U) (Sigma
Chemical) and low molecular mass poly(I:C) (InvivoGen) were dissolved in H2O to a concentration of 20 mg/
ml. Prior to use, 25 ml of a poly(A:U) or poly(I:C) solution was added to 0.50 ml of 0.10 M MES–HCl buffer
( pH 7.4) containing NaCl (0.10 M). The resulting solution was added to the wells of a 96-well plate in 2-fold
serial dilutions. After equilibration at 25°C, a baseline at A260 was established, and the initial substrate concentration was determined by using ε260 nm = 6.5 mM–1 cm–1 for poly(A:U) and ε260 nm = 4.4 mM–1 cm–1 for poly
(I:C). RNases were added to the wells, and the change in absorbance at 260 nm was monitored over time.
Initial reaction velocities were determined by using Δε260 nm = 3.4 mM−1 cm−1 for poly(A:U) and Δε260 nm =
1.8 mM–1 cm–1 for poly(I:C). All assays were performed in triplicate with three different enzyme preparations.
Values of kcat/KM were calculated by ﬁtting data to the Michaelis–Menten equation.
The degradation of dsRNA was also assessed with a well-deﬁned substrate, as described previously [30]. As
in the ssRNA substrate, a single ribonucleotide residue was embedded in a DNA oligonucleotide with a ﬂuorophore at its 50 -terminus: 5,6-FAM–d(CGATC)(rU)d(ACTGCAACGGCAGTAGATCG). Brieﬂy, the substrate
was dissolved in water and allowed to form a hairpin by heating to 95°C and then cooling slowly to room
temperature. Assay solutions contained an RNase (1.0 μM) and substrate (50 nM) in 0.10 M MES–HCl buffer
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( pH 7.4) containing NaCl (0.10 M). Reactions were allowed to proceed for 5 min at 25°C. Reactions were
quenched by the addition of 40 units of rRNasin (Promega), and products were subjected to electrophoresis at
10 mA on a native polyacrylamide (20% w/v) gel. The formation of the cleavage product was measured by excitation of FAM at 495 nm and emission at 515 nm with a Typhoon FLA 9000 scanner (GE Healthcare). Band
density was quantiﬁed from FAM ﬂuorescence with the ImageQuant software (GE Healthcare). The gel was
then incubated in SYBR Gold stain (Invitrogen) and imaged for total nucleic acid. All assays were performed in
triplicate with three different enzyme preparations.

Native gel-shift analysis of RI·RNase complexes
Human RI and various RNases from endogenous species were incubated in a 1 : 1.2 molar ratio in PBS at 25°C
for 20 min to allow for complex formation. A 10-μl aliquot of protein solution was combined with 2 μl of a 6×
loading dye, and the resulting mixtures were loaded immediately onto a non-denaturing 12% (w/v) polyacrylamide gel (Bio-Rad). Gels were run in the absence of SDS at 20–25 mA for ∼3 h at 4°C and stained with the
Coomassie Brilliant Blue G-250 dye (Sigma Chemical).

Cellular internalization of RNases
The uptake of RNase 1 homologs by mammalian cells was monitored by ﬂow cytometry, as described previously [45]. Human K-562 cells were grown in RPMI medium (Invitrogen) containing fetal bovine serum (10%
v/v) and pen/strep (Invitrogen). Cells were maintained at 37°C under 5% (v/v) CO2 (g). Cells were plated at
2 × 106 cells/ml in a 96-well plate. RNase 1–BODIPY conjugates in PBS were added to a concentration of
5 mM, and the resulting solutions were incubated for 4 h. Cells were collected by centrifugation at 1000 rpm for
5 min, washed twice with PBS, exchanged into fresh medium, and collected on ice. The total ﬂuorescence of
live cells was measured with a FacsCalibur ﬂow cytometer (BD Biosciences). Fluorescence data between experiments were normalized by calibrating each run with ﬂuorescent beads and subtracting the background ﬂuorescence upon treatment with PBS lacking an RNase 1 homolog. Data were analyzed with FlowJo software (Tree
Star).

Binding of RNases to cell-surface glycans
The afﬁnity of RNase 1 homologs for mammalian cell-surface glycans was assessed with ﬂuorescence polarization, as described previously [30]. Brieﬂy, solutions of heparin, chondroitin sulfate A, and chondroitin sulfate C
in PBS ( pH 7.4) were added to the wells of a 96-well plate in 5-fold serial dilutions. RNase 1–BODIPY conjugates were added to a concentration of 50 nM, and the resulting solutions were incubated for 30 min at room
temperature to achieve equilibrium. Fluorescence polarization was monitored by excitation at 470 nm and emission at 535 nm, and data were normalized to a solution lacking glycan and ﬁtted by nonlinear regression to the
following equation:
B¼

Bmax [ptRNase]h
Kdh þ [ptRNase]h

(1)

where B is the normalized ﬂuorescence, Bmax is the maximum ﬂuorescence, and h is a Hill coefﬁcient.
1

H,15N-HSQC NMR spectroscopy with RNase 1

[ N]-RNase 1 was produced in E. coli as described previously, using a double-growth procedure in minimal
medium containing [15N]-NH4Cl after induction with IPTG [50]. Growth conditions yielded an average of
15 mg of RNase 1 from 1 l of medium. Protein puriﬁcation was monitored by using SDS–PAGE, and puriﬁed
protein was analyzed by mass spectrometry using an Applied Biosystems/MDS SCIEX 4800 MALDI-TOF/TOF
instrument. The observed mass of 14790.1 Da indicated that isotope incorporation had been 100% × (14 790–
14 604)/192 = 97%.
1 15
H, N-HSQC NMR spectroscopy [51] was performed on 600 μl of 100 mM KH2PO4 buffer ( pH 6.5 or 4.7)
containing [15N]-RNase 1 (250 μM), D2O (10% v/v), and a molar equivalent of sulfatides, which mimic
heparan sulfate (HS; pH 6.5), or phosphatidylserine (PS; pH 4.7) within CTAB micelles (25 mM). NMR spectra
were acquired at 25°C with a Bruker Avance III 600 MHz spectrometer. 1H,15N-HSQC NMR data were quantiﬁed and peak assignments were made with the program Sparky 3 (T.D. Goddard and D.G. Kneller, University
15
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of California, San Francisco) using the assignments determined from the solution structure of RNase 1 [52].
The vector changes of chemical shift (ΔΔδ) were determined with the following equation:
sﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ

2
1 15
2
1
Dd N
DDd ¼ (Dd H) þ
5

(2)

where 1H and 15N chemical shifts (Δδ) were the peak chemical shifts of [15N]-RNase 1 in the presence minus
the absence of HS or PS.

Sequence alignment and phylogenetic analyses
Protein sequence alignments were made with the program MUSCLE [53] with manual adjustments. A
neighbor-joining phylogenetic tree based on amino acid sequences was generated in MEGA6 using the Jones–
Taylor–Thornton ( JTT) substitution model with a discrete Gamma (+G) distribution to model evolutionary
rate differences among sites [54] and 1000 bootstrap replicates [55]. The evolutionary model ( JTT+G) was
inferred according to the Akaike Information Criterion statistics obtained with the jModelTest program run
with the MEGA6 software.
The evolutionary rate of each site in the aligned amino acid sequences of 30 RNase 1 homologs [55] was
also calculated with the MEGA6 software and the JTT+G evolutionary model (for a list of GenBank Accession
numbers, see Supplementary Table S2). The calculated rates were scaled such that the average evolutionary rate
across all sites was 1. Hence, sites with a rate of <1 are evolving slower than average, and sites with a rate of >1
are evolving faster than average. To visualize these evolutionary rates in the context of protein structure, an
image of PDB entry 1z7× for human RNase 1 [56] was created with the program PyMOL (Schrödinger) in
which the evolutionary rate of each residue was inserted as its β-factor.

Table 1 Steady-state kinetic parameters of homologous RNases
pH
optimum
for ssRNA

kcat/KM
(106 M–1 s–1)
for ssRNA at
pH optimum1

kcat/KM
(103 mM–1 min–1)
for poly(A:U)
at pH 7.41

kcat/KM
(103 mM–1 min–1)
for poly(I:C) at
pH 7.41

Product (%)
from hairpin
at pH 7.42

Human
(Homo sapiens)

7.3

3±1

12 ± 3

0.7 ± 0.2

89 ± 11

Bat
(M. lucifugus)

7.3

3±1

10 ± 3

0.5 ± 0.1

89 ± 6

Squirrel
(S. carolinensis)

6.8

6±1

3.4 ± 0.7

0.4 ± 0.1

54 ± 6

Horse
(Equus ferus caballus)

6.5

8±1

1.0 ± 0.2

0.4 ± 0.2

33 ± 4

Cat
(Felis catus)

6.5

6.9 ± 0.1

0.023 ± 0.006

0.16 ± 0.08

24 ± 11

Mouse
(Mus musculus)

6.4

8±3

0.006 ± 0.002

0.05 ± 0.01

17 ± 2

Cow
(Bos taurus)

6.1

13 ± 2

0.007 ± 0.002

0.04 ± 0.01

13 ± 3

Chicken
(Gallus gallus)

6.2

0.7 ± 0.4

<0.001

<0.001

6±2

Anole
(Anolis carolinensis)

6.2

0.04 ± 0.01

<0.001

<0.001

5±3

Frog
(Rana pipiens)

6.2

0.03 ± 0.01

<0.001

<0.001

2±2

Species

1

Values are the mean ± SD from 4 to 7 independent experiments.
Values are the mean ± SD from 3 to 7 independent native gels like that in Supplementary Figure S3.

2

© 2017 The Author(s); published by Portland Press Limited on behalf of the Biochemical Society

2223

Biochemical Journal (2017) 474 2219–2233
DOI: 10.1042/BCJ20170173

Results

For our analysis, we chose 10 RNase 1 homologs that span the vertebrate subphylum. These 10 include four
mammalian homologs that had not been studied previously (bat, cat, horse, and squirrel). We cloned genes
encoding these 10 RNases, expressed these genes in Escherichia coli, and puriﬁed the ensuing RNases to >99%
purity (Supplementary Figure S1A). All of the RNase 1 homologs share a small size, net positive charge, and
high thermostability (Supplementary Table S3). Additionally, we found that the four novel mammalian RNase
1 homologs used in the present study bind tightly to the mammalian RNase inhibitor protein (Supplementary
Figure S1B), in accordance with homologs characterized previously [8,43].

RNase 1 homologs exhibit pronounced differences in catalysis
We sought to probe properties of enzymatic function. Previous studies have shown that homologous RNases
can exhibit different pH optima for catalysis, and such differences can provide clues regarding biological localization and function [30,31]. We found similar distinctions. Using a small ﬂuorogenic substrate that enables a
continuous assay of single-stranded (ss)RNA hydrolysis, we established a pH–rate proﬁle for each enzyme
(Supplementary Figure S2). We found that cow RNase 1 manifested the highest catalytic activity, but did so at
the lowest pH optimum (6.1). Other mammalian homologs demonstrated a range of increasingly lower enzymatic activities at increasingly higher pH optima. Human RNase 1 was at the opposite end of the spectrum from
cow RNase 1, with ∼5-fold lower activity at a much higher optimal pH (7.3) (Table 1). Nonmammalian homologs (chicken, anole lizard, and frog) all demonstrated very low catalytic activity at relatively low pH.
Although all ptRNases can degrade ssRNA substrates, only a small subset display high activity toward
dsRNA substrates [33]. Such a feature is consistent with a role in host defense, as antigenic dsRNAs can be produced or released by viruses and bacteria and are known to activate inﬂammatory responses [57]. We determined the ability of RNase 1 homologs to degrade poly(I:C) and poly(A:U), two synthetic analogs of viral
RNA. Intriguingly, human, bat, squirrel, and horse homologs displayed a pronounced ability to degrade
dsRNA. For poly(A:U), human and bat RNase 1 showed the highest activity, with catalytic efﬁciencies
∼1800-fold higher and ∼1400-fold higher, respectively, than that of cow RNase 1 (Table 1). Human RNase 1
demonstrated signiﬁcantly higher activity than all other homologs, except for bat RNase 1. For poly(I:C), the
trend was similar though less robust, with human RNase 1 showing ∼18-fold higher and bat RNase 1 showing
∼14-fold higher catalytic efﬁciency than did cow RNase 1 (Table 1). Cat RNase 1 was moderately active against
both substrates, whereas cow and mouse RNase 1 exhibited the lowest activity of the mammalian homologs.
These trends are in line with previous studies that probed the differential ability of RNase 1 homologs to
degrade dsRNA [27,30,31,33]. The nonmammalian homologs showed no measureable activity against either
dsRNA substrate (Table 1). The catalytically inactive H12A variant of human RNase 1 was used as a negative
control and did not exhibit detectable activity against either substrate.
To conﬁrm that the measured activity was speciﬁc for a dsRNA substrate—and not confounded by the
potentially heterogeneous nature of poly(A:U) and poly(I:C)—we employed an RNA/DNA hairpin substrate
that contains a single ribonucleotide embedded within the sequence of a DNA oligonucleotide and that is
labeled on the 50 -end with a ﬂuorophore. We monitored the formation of the ﬂuorescent 6-mer cleavage
product of RNase catalysis by electrophoresis using a native polyacrylamide gel (Supplementary Figure S3).
Densitometric analysis of substrate and cleavage products mirrored the same trend observed with the poly(A:
U) and poly(I:C) substrates. Speciﬁcally, human and bat RNase 1 demonstrated the most product formation
(∼90% for both) followed by squirrel RNase 1 (∼54%) and then the enzymes from horse, cat, mouse, and cow
(Table 1). Again, human RNase 1 showed signiﬁcantly higher activity than did other homologs, with the exception of bat RNase 1. As with the previous dsRNA substrates, H12A human RNase 1 and the nonmammalian
homologs demonstrated negligible activity.

RNase 1 orthologs differ in their cellular entry and afﬁnity for cell-surface
components
RNase 1 homologs can enter human cells via endosomal translocation, a surprising trait that might be related
to endogenous function. The association of RNase 1 with cell-surface glycans could aid this process [44,50].
We were curious to know if the enzymes in our study have a similar ability to enter cells, and if this ability
correlates with afﬁnity for cell-surface moieties.
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We measured the cellular uptake of ﬂuorophore-labeled RNase 1 homologs by a non-adherent human cell
line (K-562) using ﬂow cytometry. Interestingly, we found that all of the proteins in our study, both mammalian and nonmammalian, were taken up readily by cells (Figure 1A). Of the mammalian orthologs, human
RNase 1 demonstrated the highest level of cellular internalization, followed by bat and squirrel RNase 1. Anole
RNase 1 was internalized similarly to human RNase, with chicken RNase also showing appreciable internalization. Cow and frog RNase showed the lowest levels of internalization.
We hypothesized that those RNase orthologs with the highest levels of cellular uptake might bind more
tightly to cell-surface glycans. We used ﬂuorescence polarization to determine the afﬁnities of ﬂuorophorelabeled RNase 1 homologs for common cell-surface glycosaminoglycans, including HS (approximated with
heparin in our study; Supplementary Figure S4), as well as two forms of chondroitin sulfate. We found that the
observed trend in cellular uptake of mammalian RNase 1 homologs was mirrored by their afﬁnity for glycans:
human and bat RNase 1 showed extremely tight (nanomolar) afﬁnity for each glycan, and squirrel RNase 1
demonstrated moderately tight glycan binding (Figure 1). Of the mammalian proteins, cow and mouse RNase
1 exhibited the weakest binding, mirroring their lower levels of cellular uptake. For the nonmammalian orthologs, however, cellular uptake did not match glycan binding. Indeed, all of the nonmammalian homologs
showed weak and, perhaps, physiologically irrelevant afﬁnity for cell-surface glycans (Figure 1). These results
are consistent with the uptake of nonmammalian homologs relying more on overall cationicity than on speciﬁc
interactions with cell-surface components [46].
To provide high resolution on the binding of human RNase 1 to cell-surface moieties, we employed
1 15
H, N-HSQC NMR spectroscopy [51] to identify those residues in the human enzyme that interact with HS
and PS, two prevalent membrane components. The backbone 1H and 15N NMR assignments for human RNase
1 were determined previously [52]. We found that the presence of zwitterionic CTAB micelles elicited few
changes in the 1H and 15N chemical shifts. In contrast, these shifts were perturbed markedly by micelles containing an HS mimic or PS at one molar equivalent relative to RNase 1 (Figure 2). Major shift perturbations
for both HS and PS were found throughout the amino acid sequence, with large perturbations clustered predominantly to a polar serine-rich loop, Ser18–Thr24, as well as at Cys72, Asn76, and His80.

Rapidly evolving RNase 1 residues are associated with novel functions
Mammalian RNase 1 orthologs share a high degree of identity and similarity in their amino acid sequences
(Supplementary Table S4). Still, due to the signiﬁcant functional differences uncovered in our study, we were

Figure 1. Cellular binding and entry.
(A) Values of relative ﬂuorescence for K-562 cells treated with an RNase 1–BODIPY conjugate (5 mM) for 4 h and then washed
twice with PBS. Values are the mean ± SEM from ﬁve to nine independent ﬂow cytometry experiments. (B) Values of Kd (μM) for
the complex of RNase 1–BODIPY conjugates and cell-surface glycosaminoglycans, which have different levels of sulfation.
Values are the mean ± SEM from three to six independent ﬂuorescence polarization experiments, and are overlaid on a
heatmap depicting relative afﬁnity. CSA, chondroitin sulfate A; CSC, chondroitin sulfate C.
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Figure 2. Interaction of human RNase 1 with cell-surface ligands.
(A and B) Bar graphs of perturbations to the NMR chemical shifts of human [15N]-RNase 1 induced by a cell-surface ligand. A
solution of human [15N]-RNase 1 was incubated with CTAB micelles that contained a molar equivalent of a mimic of HS (A) or
phosphatidylserine (B). (C) List of human RNase 1 residues that had the largest perturbations induced by a mimic of HS or
phosphatidylserine.

curious to know if certain regions of the proteins were changing more quickly over time. We aligned the
protein sequences of 30 mammalian RNase 1 homologs and used the program MEGA6 to estimate the mean
(relative) evolutionary rate for each amino acid position. To visualize the relative evolutionary rates of speciﬁc
residues in the context of protein structure, we created an image of human RNase 1 in which values of relative
evolutionary rate were inserted as the β-factor for each atom (Figure 3A). We found that the majority of
rapidly evolving residues were on the protein surface, whereas many residues considered integral for protein
structure, as well as for enzymatic activity, were highly conserved across species.
We also linearly mapped the relative evolutionary rates as a heatmap corresponding to a protein sequence
alignment for the various RNase 1 homologs used in our study (Figure 3B). Previous structure–function
analyses of RNase 1 variants have identiﬁed amino acid residues predicted to be involved in a variety of
functions, including residues involved in the cleavage of ssRNA [10,58,59], residues associated with the
degradation of dsRNA [27,60,61], and residues involved in binding to the RNase inhibitor [56]. We found a
dramatic correlation between residues predicted to be evolving faster and those residues associated with
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Figure 3. Predicted evolution of RNase 1 enzymes.
(A) Three-dimensional structure of human RNase 1 in which residues predicted to be evolving at a faster rate are depicted with
both a thicker backbone and a hotter color (red > orange > yellow > green > aqua > blue). The eight residues predicted to be
evolving at the fastest rate are labeled explicitly. (B) Protein sequence alignment for the 10 RNase 1 homologs used in the
present study. A heatmap in which the predicted evolutionary rates of residues is depicted with colors as in A. The three key
active-site residues are highlighted in light gray; residues in human RNase 1 known to correspond to various functions are
labeled as indicated in the legend. Asn34, Asn76, and Asn88 in human RNase 1 are known to be N-glycosylated.

properties such as dsRNA degradation (e.g. Arg4, Lys6, and Lys102) and cell-surface binding (e.g. Ser21, Ser22,
Ser 23, Asn76, and His80). We note also that asparagine residues that can undergo N-linked glycosylation prior
to protein secretion were also predicted to be rapidly evolving sites (Asn34, Asn76, and Asn88). The
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recombinant proteins in our study lacked N-glycosylation, which could have effects on their function in their
native environment.
Interestingly, we found that the key residues in the enzymic active site (His12, Lys41, and His119), along
with those required for binding to an RNase inhibitor (including Lys7, Arg33, Met35, Pro42, Val43, Lys66,
Asn71, Ala109, and Glu111), are generally conserved across species, consistent with stabilizing selection to
retain these properties in all homologs.

Discussion

RNase 1 is an efﬁcacious ribonucleolytic enzyme that circulates freely through biological ﬂuids in all vertebrate
animals. Despite its evolutionary conservation and robust presence in vivo, the physiological role of this
enzyme is only beginning to be appreciated fully. To narrow this deﬁcit, we have performed a comparative
functional analysis of RNase 1 homologs from a broad subset of species, representing six orders of eutherian
mammals, as well as the avian, reptilian, and amphibian classes. This analysis, which is the ﬁrst to quantify
relevant biochemical properties of a large variety of homologous vertebrate RNases, reveals pronounced functional differences not only between mammalian and nonmammalian proteins, but also between proteins from
various mammalian species. We have uncovered differences in catalytic activity against both single-stranded
and double-stranded RNA, as well as differential pH optima for maximum catalytic efﬁciency. We have also
observed that certain RNase 1 homologs can enter cells much more readily than others, and that this ability
correlates with enhanced cell-surface binding. Taken together, our functional characterization adds further
evidence to the supposition that, apart from specially evolved variants of RNase 1 that exist in ruminant
animals, the broader physiological role of RNase 1 has little to do with digestion.
We uncovered stark differences between the characteristics of mammalian versus nonmammalian RNase 1
homologs, which could illuminate the origins of the ptRNase family. Interestingly, ptRNases have been found
only in vertebrates, and database searches against the genomes of invertebrates such as ﬂies, worms, and ascidians did not yield any signiﬁcant matches [4]. Nonetheless, ptRNase family members have been identiﬁed in a
host of amphibian, avian, reptilian, and ﬁsh species, and select members of these groups have been found to
have novel properties. For example, nonmammalian ptRNases display much lower ribonucleolytic activity
against ssRNA substrates [62,63]. Yet, several nonmammalian enzymes possess antimicrobial and angiogenic
properties [64–66]. These properties are notable because RNase 5, also known as angiogenin, is a prominent
and well-studied mammalian ptRNase. Angiogenin is known to promote angiogenesis, has demonstrated antimicrobial activity and other functions [67–69], and operates by a unique mechanism [70]. Like the nonmammalian RNases in our study, human angiogenin exhibits extremely low catalytic activity against ssRNA
substrates and virtually no activity against dsRNA substrates (data not shown). Correspondingly, large-scale
phylogenetic analyses of many nonmammalian and mammalian ptRNases indicate that the nonmammalian
homologs are most evolutionarily similar to angiogenin, predicting a common ancestral enzyme [4]. Given the
shared attributes of many nonmammalian ptRNases to the mammalian angiogenins, it is likely that RNase 5
represents the most ancient form of the mammalian enzyme, and that all other members arose from RNase 5
during mammalian evolution. An intriguing hypothesis is that the superfamily originated as a host-defense/
pro-growth mechanism during early vertebrate evolution and underwent massive functional expansion in
mammals, resulting in the current diversity of the family. The number of ptRNase genes in mammals is quite
large (typically, 13–20), whereas avian and amphibian species lack such diversity [4]. This coincides with
adaptive radiation of mammalian diversity occurring during the Cenozoic era.
Our data indicate that various RNase 1 homologs have optimal activity at vastly different pHs. For example,
cow RNase 1 (i.e. RNase A) was the most active enzyme against ssRNA at the lowest pH. These results align
well with the observation that RNase A is secreted in abundance from the bovine exocrine pancreas into the
rumen, which is a harsh environment with a normal pH range of 5.8–6.4. There, RNase A is believed to
degrade mRNA from symbiotic bacteria to assist with foregut fermentation and digestion [23]. Yet, we found
that in nonruminant animals, there is a distinct shift in pH optima. For example, human and bat RNase 1
enzymes have a pH optimum of 7.3, which is indistinguishable from the pH of many human biological ﬂuids,
including blood ( pH 7.4). These ﬁndings suggest that, aside from digestion-speciﬁc homologs in ruminants,
mammalian RNase 1 has adapted to circulate widely in vivo and to operate outside of the digestive tract.
A striking ﬁnding from our study was the different ability of various homologs to degrade dsRNA. We
found that the ptRNases from human and bat had the highest activity by a large margin (Table 1 and
Figure 4). Degradation of dsRNA could have profound implications in vivo. Recent work has identiﬁed
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Figure 4. Schematic summary of the diverse function of RNase 1 homologs across an evolutionary spectrum.
A neighbor-joining phylogenetic tree shows the evolutionary relationship of homologous RNases (bootstrap values >30 are
shown). Functional data obtained from the present study, including the pH optimum for catalysis, ability to catalyze the
cleavage of a dsRNA [poly(A:U)], and afﬁnity for a glycan (heparin), are mapped onto the tree and indicate an increasingly
reﬁned phenotype for the human homolog. The RNase 1 homologs from bat, squirrel, horse, and cat (yellow) had not been
characterized previously and ﬁll a large gap between the human and mouse enzymes.

extracellular RNA (exRNA) as a heterogeneous class of secreted cofactors in bodily ﬂuids that can contribute to
coagulation, blood vessel permeability, cell–cell signaling, tumor progression, and inﬂammation. They can be
ss- or ds, and can originate from internal cells or from antigenic sources, such as invading bacteria or viruses
[71,72]. As the only known RNase in bodily ﬂuids with high, nonspeciﬁc ribonucleolytic activity, RNase 1
might be a natural regulator of exRNA. Additionally, exRNAs are recognized by Toll-like receptors 3, 7, and 8,
which are expressed inside the endosomes of endothelial and immune cells [73]. Signiﬁcantly, we found that
some mammalian RNase 1 homologs not only degrade dsRNA efﬁciently, but also enter endosomes readily,
potentially mediated by interactions with cell-surface glycans. Human RNase 1, in particular, might be especially well adapted to degrade antigenic exRNA both within endosomes and in the extracellular space, suggesting an important role for human RNase 1 in regulating processes like coagulation and inﬂammation [72]. The
amino acid sequence of human RNase 1 is identical with that of the Neanderthal enzyme [74], indicative of its
biological role being established in a common ancestor at least 550 000 years ago.
Remarkably, many of the key residues that are predicted to be important for RNase 1 function—including
dsRNA digestion and binding to cell-surface moieties—appear to be evolving at a faster rate than other residues
(Figure 3). Not surprisingly, the most conserved residues across vertebrate RNase 1 homologs appear to be
those involved in the catalytic active site, as well as those involved with binding to an RNase inhibitor, suggesting that such properties have been maintained throughout diversiﬁcation. Taken together, our ﬁndings indicate
that although the core structure and function of RNase 1 has remained consistent throughout evolution, the
adaptation of various surface residues has contributed to distinct functional differences across species.
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Moreover, our study underscores the notion that a few changes to surface residues can manifest as markedly
different biochemical and physiological properties.
Some of the functional data herein were predicted by previous studies in molecular genetics. Using phylogenetic analysis, Rosenberg and co-workers demonstrated that squirrel RNase1 genes emerged as a distinct cluster
apart from RNase1 genes from mouse or rat [35]. They also predicted that some distinct surface substitutions
might be impactful for biological function. Our results show that the biochemical properties of squirrel RNase
1 are indeed different from those of mouse RNase 1, and the squirrel enzyme appears to function more similarly to human or bat RNase 1 than to the rodent enzyme. Yu and Zhang [75] analyzed RNase1 genes across a
large spectrum of carnivores and detected positive selection toward greater cationicity, suggesting the onset of
novel functional adaptations not related to digestion. Similarly, our study found that cat RNase 1 possesses
distinct properties from digestion-speciﬁc RNase A. Zhang and co-workers screened for the RNase1 gene in
more than 20 bat species and detected evidence of adaptive gene duplication events that did not correlate to
feeding habits. Their work, along with analyses by Goo and Cho, highlighted the rapid expansion of RNase1
genes in bat species, suggesting that RNase 1 might play other roles in bats unrelated to digestion [6,36]. Our
work supports this hypothesis, as we found that bat RNase 1 displays markedly different properties from
RNase A, and is indeed much more similar to human RNase 1 than to any other homolog. We note, however,
that the version of bat RNase 1 tested in our current study represents only a single version of many paralogous
RNase1 genes found in the little brown bat genome [6].
Another ongoing mystery is how N-glycosylation of RNase 1 inﬂuences or regulates its endogenous function.
Residues in human RNase 1 that undergo N-linked glycoslyation are evolving more quickly than other residues
(Figure 3). Analyses of human tissues and ﬂuids indicate that various sources produce differentially glycosylated
forms of RNase 1 [76,77]. Differences in the function of these variously glycosylated forms of RNase 1 are not
clear, though one hypothesis is that heavily glycosylated RNase 1 might be able to evade the RNase inhibitor,
serving as a natural mimic of the engineered form of RNase 1 currently in clinical trials for various types of
cancer [21,22]. Support for this hypothesis comes from recent data that showed a signiﬁcant increase in the
serum levels of RNase 1 containing N-glycosylated Asn88 in patients with pancreatic cancer [78]. In effect, the
glycosylation of RNase 1 could constitute an unappreciated natural anticancer mechanism.
Proteins are subjected to natural selection as a result of evolutionary pressures on the organisms that contain
them. As novel attributes often evolve incrementally, comparative functional analyses of a protein in related
species can yield an enhanced understanding of biology and physiology [38–41]. From our data, we speculate
that RNase 1 in humans and other mammals serves a broad regulatory role via the degradation of serum RNA,
potentially mediating critical processes such as hemostasis, inﬂammation, and innate immunity (including
anticancer activity).
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